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ABSTRACT: Preventing and treating Alzheimer’s disease require understanding
the aggregation of amyloid beta 1−42 (Aβ1−42) to give oligomers, protofibrils, and
fibrils. Here we describe footprinting of Aβ1−42 by hydroxyl radical-based fast
photochemical oxidation of proteins (FPOP) and mass spectrometry (MS) to
monitor the time-course of Aβ1−42 aggregation. We resolved five distinct stages
characterized by two sigmoidal behaviors, showing the time-dependent transitions of
monomers-paranuclei-protofibrils-fibrillar aggregates. Kinetic modeling allows
deciphering the amounts and interconversion of the dominant Aβ1−42 species.
Moreover, the irreversible footprinting probe provides insights into the kinetics of
oligomerization and subsequent fibrillar growth by allowing the conformational
changes of Aβ1−42 at subregional and even amino-acid-residue levels to be revealed.
The middle domain of Aβ1−42 plays a major role in aggregation, whereas the N-
terminus retains most of its solvent-accessibility during aggregation, and the hydrophobic C-terminus is involved to an
intermediate extent. This approach affords an in situ, real-time monitoring of the solvent accessibility of Aβ1−42 at various stages
of oligomerization, and provides new insights on site-specific aggregation of Aβ1−42 for a sample state beyond the capabilities of
most other biophysical methods.

1. INTRODUCTION
The aggregation of the amyloid beta (Aβ) into oligomers and
fibrils is a key process associated with Alzheimer’s disease
(AD). Among Aβ isoforms that present in AD, Aβ1−42 is
generally considered to be the most pathogenic.1 Extensive
effort has focused on characterizing the conformation, size, and
shape of Aβ aggregates (e.g., as dimers, pentamers, dodeca-
mers2−7 and fibrils8−13), and the outcomes show a complex
picture of Aβ1−42 aggregation. Although soluble oligomers are
thought to be the most critical players in the pathology of AD,
large aggregates and fibrils may also be toxic.1,14 Unfortunately,
we know little of their rates and extents of formation.
The most common approach in methodology for character-

izing structure is multiphase NMR and X-ray crystallography,
providing an essential, high resolution picture of the final state
of Aβ fibrils while addressing some intermediates or
oligomerized states that can be retained under nonphysiolog-
ically relevant conditions. Owing to the vast heterogeneity and
high aggregation propensity, however, the low molecular weight
(low-MW) Aβ oligomers are not amenable to NMR or X-ray
crystallography. Along a similar vein, atomic force microscopy
(AFM) visualizes morphology of the aggregates but provides
no site specificity. More recently, Bowers and co-workers15

implemented high resolution AFM to provide insight into
Aβ1−42 and Aβ1−40 oligomers formed at early stage. The results
with respect to the morphology is clear, but the process used to
evaporate the droplet of Aβ solution before the visualization is
not free of ambiguity.

Fluorescence may be the most widely adopted approach to
follow Aβ aggregation, offering a solution medium that affords
some physiological relevance. The signature measurement for
amyloid formation is the fluorescence-based Thioflavin T
(ThT) labeling assay that shows two regions or stages of
aggregation separated by a sigmoid. Recently, Frieden and co-
workers16 labeled Aβ with tetramethylrhodamine (TMR) as a
novel fluorescent reporter for oligomerization. This method
reports more details, showing a lag and growth phases in
amyloid formation. Although those fluorescence-based methods
inform on the states of aggregation, only low structural
resolution data is available. Despite their ease of use, they
require either adding a dye molecule, which affects the accuracy
in measuring amyloid-ligand interactions because anti-amyloid
compounds such as polyphenols with strong absorption and
fluorescence properties can significantly bias the fluorescence
readout,17 or premodifying Aβ, a perilous approach given that
addition or subtraction of one amino acid changes significantly
the properties of Aβ.
Mass spectrometry is now playing a role in understanding Aβ

oligomerization, principally via measurements of the ion
mobility of the gas-phase species.3 Most ion-mobility work
reports on small oligomers and short Aβ fragments, whereas the
full protein and its very large soluble oligomers (n ∼ 100) likely
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hold the secret of its debilitating role in the human brain.
Contemporaneously with the development of the TMR
fluorescence method, we applied MS-based pulsed hydro-
gen−deuterium exchange (HDX)18 and obtained similar results
as Frieden and co-workers except we could obtain regional
information on aggregation. Although pulsed HDX avoids the
problem of premodifying Aβ, the application of sophisticated
proteomics for downstream protein analysis must be con-
strained to minimize the back-exchange resulted from hydro-
gen/deuterium scrambling.19 As an alternative, Axelsen and co-
workers20 applied a synchrotron-based hydroxyl radical foot-
printing to study Aβ1−40 fibril and compared the outcome with
those of multiple NMR structural studies. Despite all these
efforts, the approaches currently applied do not fully address,
however, the intermediate conformational transitions of Aβ1−42
during aggregation. Thus, the transient aggregates of
oligomerization remain insufficiently characterized, and our
tools to characterize the oligomerization are temporarily
exhausted.
In this report, we describe a new platform based on fast

hydroxyl-radical footprinting (FPOP) and mass spectrometry
to follow the aggregation of Aβ1−42, which is regarded to be the
most pathologically relevant Aβ isoform in AD. Unlike Aβ1−40,
the folding and assembly of Aβ1−42 are highly complicated and
multistep processes.2,3,6,7,13,14,21 Here, we seek an informative,
time-dependent approach that not only follows oligomerization
but also can be extended to test the effects of other proteins,
lipids, and potential drugs on the monomer/soluble-oligomer
transitions. The cutting-edge approach, building on proteomics
measurements and MS-based footprinting, utilizes hydroxyl
radical-mediated irreversible reactions22 initiated on a FPOP
platform23 to footprint Aβ1−42 as it undergoes oligomerization.
FPOP allows various Aβ1−42 oligomeric species to be
footprinted rapidly and irreversibly on amino-acid side chains.
To locate the modified regions, we implemented Lys-N rapid
digestion and LC−MS/MS to characterize Aβ1−42 fragments.
Our hypothesis is that FPOP modifications sensitively respond
to the solvent accessibility changes of Aβ1−42 upon its self-
association. This approach uses downstream sample processing

independent of protein conformational changes occurring post
footprinting to report changes on the Aβ1−42 side chains at the
global, peptide regional, and even amino-acid levels.

2. RESULTS AND DISCUSSION

2.1. Aggregation of Aβ1−42 at the Global (Protein)
Level. Given that Aβ1−42 aggregation is time-sensitive and
continues after footprinting, it is helpful to utilize an irreversible
footprinting “snapshot” to capture accurately the oligomeriza-
tion intermediates. In our triplicate experiments, formation of
Aβ1−42 aggregates begins with incubating Aβ1−42 monomers in
PBS buffer for various times up to 48 h. Footprinting of the
protein occurs in a flow system after irradiation by a laser pulse
that initiates the footprinting following the incubation (Figure
S1). MS analysis gives representative mass spectra of intact
Aβ1−42 labeled by hydroxyl radical. The oxidative labeling
occurs at solvent-accessible Aβ1−42 side chains to give variously
labeled proteins observed as isotopic clusters (Figure 1).
Owing to its intrinsically disordered structure, 77% of

unfolded Aβ1−42 monomers undergo modification (Figure 1b)
at short times. As Aβ1−42 gains some conformational order by
folding into higher-order oligomers, it loses solvent accessi-
bility, gains protection, and undergoes correspondingly
decreased FPOP modification (Figure 1c−e). At the longest
incubation times, Aβ1−42 becomes highly resistant to
modification, indicating formation of mature aggregates,
presumably with beta-sheet bundles (Figure 1f).10,24 The
FPOP modification pattern for various charge states of
Aβ1−42 produced in the electrospray ionization are consistent
with a relative error of less than 2% for the calculated extent of
modification as seen in the mass spectra of various charge
states.
We calculated the fraction modified of the full-length Aβ1−42

and its digested peptide (as discussed later) from the ratio of
the signal of the modified peptide (Iox) to that of the total
amount of the modified and unmodified peptides (I) (eq 1), as
described in the Experimental Section,

Figure 1. Mass spectra showing extents of FPOP modification for intact Aβ1−42 (5+ charged) as a function of incubation time: (a) Control: Aβ1−42
monomer with all reagents, including H2O2, flowed through the FPOP tubing but without laser irradiation, (b) extensively hydroxyl radical-modified,
unstructured Aβ1−42 monomers, (c−e) decreasing FPOP modification extents of Aβ1−42 aggregates, reflecting increasing structural protection to
FPOP modification, (f) minimal Aβ1−42 modification, reflecting solvent-inaccessible, highly ordered core structure of the fibrillar aggregates that
resist FPOP modification.
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By adopting this metric, we can pursue the change in the
amount of modified species caused by Aβ1−42 conformational
change and aggregation independent of the intrinsic reactivity
or reaction kinetics of the peptide with the hydroxyl radical.
The use of the above metric for quantifying the level of
modification is not unusual.25 Here the fraction unmodified is
directly inferred as (1 − fraction modified), and for a given
peptide or residue it increases monotonically (because it is the
product of the fraction unmodified at each reaction site) as the
reactivity of the overall polypeptide or of a specific residue
decreases owing to Aβ1−42 association and its concomitant
increase in protection. The sensitivity of this metric to
increasing reactivity diminishes, however, as the percent
unmodified becomes very small. For small proteins like
Aβ1−42 that undergo aggregation and become protected and,
more importantly, for amino-acid residues, the relative amount
of the unmodified species remains relatively high; thus, this
concern is minor under the conditions of our footprinting.
Another possible concern is that the above method

underestimates the extent of modification when multiple
oxidative substitutions occur. A solution to this concern is a
metric in which the intensities of oxidized species are weighted
by the number of oxygens.26 This is the case for processing
hydrogen−deuterium exchange (HDX) data of proteins where
the signal intensity of a given deuterated peptide is multiplied
by the number of deuteriums installed (i.e., a centroid is
calculated). This solution can obfuscate behavior when some
residues increase in reactivity and others decrease, as happens
in HDX,27 and has the potential to magnify uncertainties arising
from signals with low signal-to-noise ratios.28 Similar problems
pertain to weighing the intensities by the number of
modifications (centroid calculations) in hydroxyl radical
footprinting, especially when the number of OH substitutions
is large (Figure 1b, c, d). Furthermore, such a metric is difficult
to apply for the modifications less common than OH
substitution. We tested whether both metrics reveal the
aggregation characteristics (Figure S5) for the N-terminal
peptide, which undergoes the most oxidative modification, and
found no apparent differences. Therefore, we chose the simpler,
more precise metric (eq 1) that does not compromise the
accuracy in quantification yet sufficiently provides insights in
reporting the conformational change of Aβ1−42 as it associates.
We see that the oxidation patterns of Aβ1−42 at various

incubation times in the FPOP experiment follow a Poisson-
distribution;29 that is, the signal of unmodified Aβ1−42 is the
most intense, followed by those corresponding to the oxidized
species with the mass shifts of +16, +32, +48 Da, etc., in a
sequentially descending manner. The patterns of various
extents of oxidation follow this manner as the overall oxidation
level decreases owing to the folding of Aβ1−42.
2.2. Structural Rationalization of the Multiple Kinetic

Phases. The hydroxyl radicals are comparably sized as water
molecules, allowing them to modify solvent-accessible side
chains and report on the transient states of soluble aggregates.
We chose to model the Aβ1−42 aggregation kinetics, observed at
25 °C (Figure 2a), on the basis of the nucleation-autocatalytic
growth mechanism proposed by Watsky, Finke, and co-
workers30 with modifications that address the transient stages
observed in the present case.3,31 This modeling approach is
perhaps the simplest model that accounts for the various stages

of aggregation, and we chose it in the spirit of Occam’s razor.
Two nucleation and two autocatalytic reactions, as shown in
Scheme 1, were used to describe the time-dependent
aggregation of Aβ1−42, one more stage than seen by
fluorescence and pulsed HDX.

With kinetic modeling (see Experimental Section) based on
Scheme 1 and support from other published work,3,14,31 we can
follow the aggregation through five stages: AB, BC, CD, DE,
and EF (Figure 2a), instead of the four observed previously by
pulsed HDX and fluorescence.16,18 In the modeling, our
assumption is that the monomer concentration at time zero is
10 μM, which is the original concentration upon diluting
Aβ1−42 into the PBS buffer, and the solution at that time is free
of oligomers.
In Figure 2a, the first stage corresponds to (1) Aβ1−42

monomers assembling rapidly to form dimers and small
oligomers. As the monomers continue to oligomerize, their
solvent accessibility and concomitant FPOP reactivity decrease

Figure 2. Characterization of Aβ1−42 aggregation on the global (full-
polypeptide) level by a kinetic simulation: (a) points represents
experimental data (10 μM, 25 °C, pH 7.4, no agitation), and the solid
curve is a model fit based on two autocatalytic reactions. The inset in
figure (a) shows a comparison of the fitting with and without the
consideration of the 2 min FPOP dead time. (b) Time-dependent
concentrations of the various Aβ1−42 species from the solution to the
differential equations of the fitted model in (a). M-monomer; D-
dimer; D*-product of 1st catalytic reaction, D**-product of 2nd
catalytic reaction. For each species, the concentration is of monomeric
Aβ1−42 equivalents.

Scheme 1. Proposed Kinetic Scheme for Aβ1‑42 Aggregation

Journal of the American Chemical Society Article

DOI: 10.1021/jacs.6b07543
J. Am. Chem. Soc. 2016, 138, 12090−12098

12092

http://pubs.acs.org/doi/suppl/10.1021/jacs.6b07543/suppl_file/ja6b07543_si_001.pdf
http://dx.doi.org/10.1021/jacs.6b07543


in a fast, exponential-like manner (transition AB). (2) The early
formed small oligomers cooperatively nucleate to provide
paranuclei-like “seeds” for subsequent aggregation (transition
BC). During this time, the oxidation extent cannot significantly
change because the monomers have almost ceased to disappear.
(3) As the concentration of “seeds” reaches a critical threshold,
larger oligomers form in an autocatalytic fashion (transition
CD).32 (4) Lateral oligomers likely with the beta-strand
structure associate, elongate into large aggregates/protofibrils
presumably with in-register beta sheets (transition DE).31,33

And (5) large aggregates/protofibrils further associate and
catalyze the reorganization of other Aβ1−42 species into mature
fibrils presumably with the well-defined beta-sheet structure
(transition EF).10 The additional stage resolved by FPOP is
represented by transition from D to F, which leads to the
formation of presumably lateral protofibrillar and then to
fibrillar aggregates, whereas the transition is a single growth
phase according to the pulsed HDX and fluorescence platforms.
We chose Scheme 1 to support the observation that there are

additional stages reported in the aggregation kinetic curve while
applying the principle of parsimony in modeling. The monomer
to dimer transition (reaction A−B) is illuminated by the work
of Frieden and co-workers,16 in which early changes in their
kinetic curves with different starting Aβ concentrations behaved
consistently with a model of dimer and trimer formation. Here
we have not deployed the trimer formation component because
we argue that the amount of additional protection afforded by
the trimer over the dimer is not sufficiently large to justify the
additional parameters that the trimer would require in the
scheme. Visual inspection of the kinetic curves shows two steps;
each step is characteristic of a slow nucleation phase (reaction
B−C and D−E) followed by a rapid autocatalytic growth phase
(reaction C−D and E−F). Given there are two steps, we
invoked the Finke−Watzky two-step mechanism twice in
succession, which might be described as double autocatalytic.34

The use of the Finke−Watzky two-step mechanism does
have limitations. It does not account for the equilibrium
between the Aβ1−42 monomer and other species.35 An
alternative and still minimal model that addresses this issue is
by Crespo et al.36 In addition, nucleation and autocatalysis
models augmented with fibril growth and fragmentation fail to
match correctly the lag time scaling as a function of monomer
concentration for a number of fibrilizing protein systems.37

The time for the each Aβ1−42 solution plug passing through
the FPOP workflow is 2 min. Thus, for each experimental time
point, the FPOP fraction modified quantifies an assemble
average of Aβ1−42 conformations over that 2 min in addition to
the reported aggregation time. Although this “dead time” in
FPOP will have a minor influence on the samples with long-
time incubation, it may affect the early stage characterization of
the curve as the monomer will aggregate to some extent in this
short period of time. To test whether this affects the fit, we
repeated the simulation by shifting the actual time of
aggregation by 2 min as a maximum and extrapolated the
curve to the actual start point. The overall fitting of the
aggregation curve is not significantly affected by considering the
FPOP dead time. In a zoom-in view of the first 60 min (inset in
Figure 2a), the “−2 min” on the time axis of the solid gray
curve is regarded as the actual starting point of the aggregation
that modeled in the testing trial. The outcomes overlap well
with the curve for which the 2 min was neglected (dashed blue)
even for the early aggregation stage as one can think it as the
corrected aggregation curve is right-shifted by 2 min. According

to the kinetics revealed by TMR fluorescence, which does
provide clearer time resolution for the first a few minutes of
Aβ1−42 aggregation, the initial exponential decrease in
fluorescence intensity representing the monomer−dimer−
trimer transition proposed happens over 30−45 min for the
Aβ1−42 with concentrations ranging from 0.5 μM up to 4 μM
and with stirring the solution16 (not done here). Although the
initial phase is not well-defined, pulsed HDX shows a burst
tendency of increasing protection over 30 min for Aβ1−42 of 50
μM also without any stirring.18 These observations, taken
together, suggest that it is unlikely that the dead time from the
FPOP labeling has a substantial influence on the aggregation
kinetics. If a burst phase occurred so rapidly in the 2 min prior
to laser irradiation to initiate FPOP such that we no longer can
explain transition AB, the kinetics will need to be addressed
with a model accommodating the additional conformation
change in the burst phase as well as transition AB tandem to it.
Although we calculated the reaction rate constants for each

stage by solving the differential-equation for each reaction in
Scheme 1, we are not quoting them because they do not
directly relate to the actual rate constants. Each rate constant in
the model is condensed and simplified as a summary of many
underlying reaction steps.30 The “dimer” species, for example, is
expected to be made up of many other species, each forming
with its own rate constant. Others noted that nucleation rate
constants for the lag phase are unreliable.37 Reliable rate
constants associated with the growth phases require represen-
tation of the maximum slopes during the growth phase, which
are not present in the data. Nevertheless, we can specify the
species concentrations as a function of the time obtained from
the model and describe the disappearance of Aβ1−42 monomers
(M) and the formation of various oligomers including
paranuclei (D), protofibrils (D*) and fibrils (D**) (Figure
2b). In the experiment, the initial concentration of Aβ1−42
monomers is 10 μM. In the early oligomerization, ∼30% of the
monomers rapidly assemble into low-MW oligomers (solid
black curve), followed by a lag phase during which low-MW
oligomers slowly accumulate until the concentration is
sufficient to catalyze (seed) the formation of larger oligomers
(dashed black curve). As the amount of large aggregates/
protofibrils reaches a concentration corresponding to ∼80%
consumption of the original monomer equivalents (dashed gray
curve), a structural reorganization occurs to deplete the
monomers and form rapidly mature fibrillar aggregates (solid
gray curve). At the end of the aggregation, equilibrium is nearly
achieved for fibrils and persistent, leftover monomers (∼10%).
At this stage, the rapid second autocatalytic reaction almost
shuts down the first autocatalytic reaction, and, as a result, the
monomer concentration becomes relatively stable.
A previous study shows that Aβ1−42 and Aβ1−40 have distinct

aggregation pathways.6 The assembly of Aβ1−42 involves
formation of several distinct transient structures to yield
paranuclei that assemble further to form superstructures similar
to early protofibrils, whereas Aβ1−40 mainly forms low-MW
oligomers at a much slower rate than that of Aβ1−42 at similar
concentration.3,18 We have preliminary results from the FPOP
study of Aβ1−40 under the same conditions (10 μM, pH 7.4, 25
°C, no agitation) as for Aβ1−42. This proteoform shows
extensive but relatively constant FPOP modification over the
aggregation time scale we investigated (0 to ∼48 h) (Figure
S2a), indicating that it is considerably less reactive than Aβ1−42
in term of the aggregation propensity. Further, we examined
the aggregation of Aβ1−42 at 37 °C (Figure S2b). The higher
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temperature accelerates Aβ1−42 aggregation substantially with-
out showing any lag or intermediate phases. Within the first 8 h
of incubation, the fraction modified in footprinting decreases
sharply and then levels off, suggesting either the nucleation
process happens so rapidly that no apparent lag phase is
observed or the oligomerization pathway changed from a self-
catalytic seeding mechanism.
2.3. High-Resolution Footprinting View of Oligome-

rization. The FPOP approach permits a high resolution view
of the oligomerization down to even the amino-acid level for
some residues. To interrogate the conformational changes at a
regional level, we proteolyzed the irreversibly footprinted
protein and analyzed the resulting peptides by LC−MS/MS.
Normally, this is a straightforward for soluble proteins, but
Aβ1−42 and its hydrophobic C-terminal proteolytic fragments
continue to associate during the digestion, resulting in
appreciable resistance to long-term proteolysis, a loss in mass
spectral signals, and a possible bias toward those regions that
are less prone to association.18,24 These compounded issues
motivate a kinetic study that targets high structural resolution
by effective and rapid digestion of Aβ1−42 aggregates. We used
Lys-N protease under optimized digestion conditions to
address this issue successfully. Taking advantage of Lys-N
maintaining its high enzymatic activity in 6 M urea,38 we

reconstituted a post-labeling aliquot of Aβ1−42 in 6 M urea and
incubated it with Lys-N (enzyme: protein ratio of 1:10 (w/w))
at 45 °C to digest the Aβ1−42 as quickly as 30 min. The high-
concentration of urea present in the digestion not only affords
rapid proteolysis by denaturing Aβ1−42, but minimizes non-
covalent association of the hydrophobic peptides. More
importantly, Lys-N cleaves Aβ1−42 at the amino side of lysine
residues, leaving the hydrophilic residue K28 on the highly
hydrophobic C-terminal proteolytic fragment, thereby increas-
ing the sensitivity by 2 orders of magnitude for the peptide
covering this region compared to the corresponding peptide
formed when trypsin is used (data not shown), improving
quantification and accuracy.

2.4. Aggregation of Aβ1−42 at the Peptide and Residue
Levels. We characterized further the conformational changes
in aggregation for the regions represented by the three peptides
resulting from Lys-N digestion (N-terminal region 1−15,
middle domain 16−27, C-terminal region 28−42). We
simulated the kinetics for each region by using the model
described above (Figure 3), both independently and con-
strained by the outcome of the global (protein)-level rate
constants. As discussed above, we expect regions that undergo
conformational changes and serve as oligomerization interfaces
to exclude solvent and show decreased oxidative modification.

Figure 3. Time-dependent FPOP labeling of Aβ1−42 incubated at 25 °C, pH 7.4, no agitation, and kinetic simulations for Lys-N digested Aβ1−42
peptides: oligomerization of (a) N-terminal region 1−15, (b) middle region 16−27, and (c) C-terminal region 28−42. Solid curves are simulations
that afford rates constants for each peptide treated independently, whereas the dashed curves are simulations constrained by global rates.

Figure 4. FPOP results for Aβ1−42 amino acid residues and kinetic simulations: (a) H6 showing little participation in the oligomerization, (b) H13
showing slightly increasing modification initially and then level off, (c) and (d) F19/F20 and M35 showing large changes of solvent accessibility
along with oligomerization (FPOP modifications on F19 and F20 were summed to improve accuracy in quantification).

Journal of the American Chemical Society Article

DOI: 10.1021/jacs.6b07543
J. Am. Chem. Soc. 2016, 138, 12090−12098

12094

http://dx.doi.org/10.1021/jacs.6b07543


The different scales of fraction modified for each peptide is
related to the distinct reactivities of the corresponding Aβ1−42
subregions. The reactivity is a function of (1) the intrinsic
reactivity of those subregions as contributed by the amino acid
residues with respect to its primary sequence, and (2) the
protection from the secondary and/or ternary structure of
Aβ1−42 for that subregion. Given that FPOP modification of the
N-terminal peptide does not change significantly as a function
of aggregation time, this region must remain structurally flexible
with little self-association and little loss of solvent accessibility
as Aβ1−42 associates. This is in accord with solid state-NMR
data, indicating that the N-terminal region remains disordered
in various Aβ1−42 oligomers and fibrils.2,9 In contrast, the extent
of FPOP modification significantly decreases (protection
increases) over time for the middle domain peptide 16−27
and the C-terminal peptide 28−42 (6 and 2.5 times decreases
in rate from Aβ1−42 monomers to fibrils, respectively). This
indicates convincingly the importance of those two regions in
Aβ1−42 aggregation whereby the central region must play a
prominent role and serve as the self-association interface to
drive aggregation. This is key experimental evidence that the
middle region is a nucleation interface, as suggested by
molecular dynamics studies.33,39

The peptide-level results are better modeled by allowing the
rate constants for each peptide region to be independent
(Figure 3, solid curves). When the modeling is restricted by the
rate constants from fitting for the whole protein, we find
relatively pronounced discrepancies between the results and the
simulated curves (Figure 3, dashed curves). Assuming the
discrepancy is not solely contributed by any structural bias in
the digestion, we suggest that regions of Aβ1−42 act nearly
independently in the oligomerization of Aβ1−42 and that the
local (regional) rates are not predictable from the kinetic results
for the whole protein. Note that in the pulsed HDX, the “half
lives” of the peptide-level transitions are also different18 and
show that the center and C-terminal regions are more
important in the oligomerization than is the N-terminus.
Furthermore, measuring the modification at the amino-acid

level allows characterizing aggregation tendencies for Aβ1−42 at
that level at least for some of the amino-acid residues (Figure
4). The oxidative modifications on the residue level were
assigned by using the product-ion spectra of the modified
peptide precursor ion. Their aggregation curves are generated
based on measuring the ratio of the signal abundance from that
specific oxidized residues to the total amount of the peptide
observed that contained that residue (see Experimental
Section). The modification for H6, H13, F19, F20 and M35
are well resolved chromatographically with quantifiable extent
of oxidation at better than a signal-to-noise ratio of 10:1. We
also identified FPOP modifications on H12, L17, V18, V39/
V40/I41. The extent of modification for those residues,
however, is very low (less than 1%) and not well sampled;
thus, in the present case not quantified.
Residues H6 and H13 show an overall constant extent of

FPOP modification during aggregation, indicating that few
conformational changes occur for these two residues (Figure 4a
and 4b). Interestingly, H13, despite showing little change in the
fraction modified, shows a clear trend of an initial increase in
FPOP modification within the first 30 min, suggesting this site
becomes relatively solvent-exposed and could be a critical
nucleation site either to promote or delay the next transition.
Note that the absolute FPOP modification extents for residues
of the same type are only related to the surrounding steric

environment and protection. The modification extent of H6 is
40% and of H13 is 19%, whereas that of H12 is too low to
characterize accurately. These results suggest that, although the
N-terminal region remains structurally disordered during
aggregation, the solvent accessibilities of these residues
represent different microenvironments. H6 is the most
solvent-exposed among the three, followed by H13 and then
H12. For F19 and F20, we summed the FPOP modifications
before plotting those values. These two residues show a
decrease in FPOP modification extent by 4.5 times in going
from monomers to fibrils (Figure 4c), and M35 from the C-
terminal region showed a similar decrease of 2.5 times (Figure
4d). For the middle domain of Aβ1−42 represented by peptide
16−27, the difference in modification largely occurred on F19/
F20, because not only is phenylalanine highly reactive to
hydroxyl radicals compared to other nearby residues,40 but their
high hydrophobicity potentially drives the oligomerization. We
envision that the ability of FPOP to reveal site-specific
aggregation can be applied to understand interactions of Aβ
with other molecules, especially drug candidates that affect
oligomerization.

2.5. Results from Complementary Biophysical Tools.
Many available biophysical tools provide complementary results
in tracking Aβ assembly. We are limiting our comparison to
those that can follow the time course of aggregation under
physiologically relevant condition. We are not considering the
many approaches that view Aβ as its initial, largely low-MW
oligomers (e.g., solution NMR) or in its final aggregated state
(e.g., solid state NMR). Among the methods tracking
aggregation, ThT dye fluorescence is regularly used to follow
amyloid formation. The dye undergoes a large enhancement in
fluorescence upon binding to amyloid fibrils, making it a
particularly powerful and convenient tool. A typical ThT
fluorescence curve reports a single sigmoid including a lag
phase and a rapid growth phase to form fibrils. Because ThT
primarily interacts with β-sheet structure, this method is less
suitable to study the amorphous oligomers lacking well-defined
β-strand structure. ThT does not give site-specific information
on the oligomerization. Furthermore, because ThT bears
structural similarities to many amyloid inhibitors, it is possible
that ThT can influence the fibril structure and the formation
kinetics.17

The recent development of TMR, as an alternative
fluorescence dye, affords a more informative sigmoidal curve.
In this experimental design, Aβ was premodified to carry an
extra lysine residue that was covalently linked to the TMR
molecule at the N-terminus of Aβ.16 Unlike in the ThT assay,
fluorescence quenching due to the proximity of the TMR
molecules was detected as Aβ associates. This assay
characterized the early stage oligomer formation by showing
an initial exponential drop in TMR fluorescence intensity
before the emergence of the first lag phase. This, like all the
fluorescence methods, however, suffers from the need to
modify the Aβ, a polypeptide whose aggregation is highly
sensitive to its length and size (consider the difference between
Aβ1−42 and Aβ1−40).
We found similar results with pulsed HDX as with TMR. In

the pulsed HDX method, the hydrogen on Aβ backbone amide
is in exchange with the deuterium in the solvent, and the level
of deuterium-uptake within a certain short time window reflects
changes in the conformation of the polypeptide backbone.18

This approach, although yielding regional information, is not
highly sensitive.
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More recently, using high resolution AFM, Buratto, Bowers,
and co-workers15 found that Aβ1−42 hexamer- and dodecamer-
sized structure become dominant in as short as 5 min, and the
density of large spherical aggregates termed preprotofibrils
grows considerably by 20 min. This result brings new insight,
but it may be confounded by surface effects because a subset of
protein aggregates may be preferentially deposited on the
surface for AFM and the interactions between the protein and
the sample surface can affect aggregate morphology and
formation kinetics.41,42 Therefore, comparisons of solution
measurements by fluorescence and MS footprinting with
measurements from using sample deposition will require
careful interpretation. The former approaches map copopulated
species in a mixture and report Aβ1−42 conformation
quantitatively as an assemble average of structural protection
in bulk solution without pointing to individual oligomers. The
latter provides a visualization of the oligomer morphology at
certain oligomeric orders.
As we discussed above, the initial burst phase of the early

oligomerization is represented by an exponential decrease in
fluorescence intensity in the TMR assay and a rapid increase in
the structural protection in pulsed HDX experiment. This
phase occurs over a time scale of 30−60 min, with our outcome
from the FPOP experiment falling in the same range.
Considering the vast complexity and high sensitivity of
Aβ1−42 oligomerization toward external conditions, experimen-
tal phenomena observed in various approaches are not
necessarily proportionate in terms of the time scale, and it is
sensible for us to set our sights on the general trends.
More importantly, caution is needed to correlate the “phases”

observed using various available tools. The molecular-level
mechanisms of the probes used in each method discussed
above, including FPOP, differ significantly. The aggregation of
Aβ, especially of Aβ1−42 under study, is a process highly
sensitive to buffer conditions, concentration, temperature, pH,
agitation, etc. Therefore, the observed phases uncovered by
these methods can be different. For example, using an
equivalent Aβ1−42 system, the growth phase indicated by ThT
fluorescence comes later than that observed in the TMR
assay.16 In addition, we do not expect the fluorescence and
HDX data to fit into Scheme 1 because we invoked the double-
catalytic reactions to address the five distinct stages revealed
uniquely by FPOP. In the FPOP approach, the footprinting
reagent, here a hydroxyl radical, is comparably sized to water
molecules and directly modifies the solvent-accessible amino-
acid side chains of Aβ1−42. The probe is sensitive to subtle
conformational changes involving the transient states, especially
those in which Aβ1−42 side chains are involved (e.g., several
protofibrillar filaments twist to form bundles of mature fibrils,
in which case the polypeptide backbone stays relatively
unchanged.10,11).

3. CONCLUSIONS
FPOP footprinting provides new, in-depth insights into Aβ1−42
conformational changes and its aggregation by affording
structural resolution even down to the amino-acid residue
level. It not only defines the early oligomerization stages but
also reports subtle conformational changes that occur after early
beta-strand formation, allowing the intermediate transitions to
be effectively resolved to reveal the multistep nature of
oligomerization. We chose to model the aggregation curve by
two autocatalytic reactions based on a modified Finke−Watzky
mechanism, being attracted by the simplicity of this model. The

successful fit of the observed aggregation kinetics to a two-
sigmoid model provides more insight on the molecular
mechanisms involved in Aβ1−42 self-assembly.
The FPOP approach overcomes most of the weaknesses of

other methodologies used to study the time-dependent amyloid
formation by affording a direct, real-time, fast, and precise
measurement of the solvent accessibility of Aβ. Moreover,
applications of the platform can be extended to address the
effects of pH, concentration, agitation, and Aβ modification on
aggregation. We expect this measurement strategy to guide the
design of optimal compounds that inhibit Aβ aggregation and/
or toxicity, and to find utility for the evaluation of other
amyloidogenic proteins.

4. EXPERIMENTAL SECTION
Materials. Synthetic wild type human amyloid beta 1−42 (Aβ1−42)

was from AnaSpec (San Jose, CA). Lys-N protease was from Seikagaku
Corporation (Tokyo, Japan). Hexafluoroisopropanol (HFIP), sodium
hydroxide (NaOH), L-glutamine, L-methionine, catalase, hydrogen
peroxide (H2O2), phosphate buffer saline (PBS, 10 mM phosphate,
138 mM NaCl, 2.7 mM KCl), urea, formic acid and trifluoroacetic acid
were from Sigma-Aldrich (St. Louis, MO).

Formation of Aβ1−42 Aggregates. The purchased Aβ1−42 was
dissolved in HFIP at 0.1 mM and incubated at room temperature for 1
h to disrupt any pre-existing aggregates. The resulting solution was
then aliquoted into tubes, and the HFIP was evaporated in a fume
hood. After solvent evaporation, a clear film of Aβ1−42 remained at the
bottom of the tube. HFIP treatment was then repeated two more
times. Samples were then frozen in −80 °C for future experiments.
Prior to incubation for aggregate formation, HFIP-pretreated Aβ1−42
was dissolved in 3 mM NaOH (pH 11.5) and incubated without
stirring at room temperature for 3 min followed by sonication for 1
min. Aggregation was initiated upon diluting the Aβ1−42 NaOH
solution by 20-fold (v/v) with PBS buffer (pH 7.4). The final Aβ1−42
concentration after dilution was 10 μM. Different extents of
aggregation were achieved by varying the incubation time from 0 to
48 h in PBS buffer (25 or 37 °C). For each time point, the incubation
and analysis were done in triplicate.

FPOP Labeling of Aβ1−42. At the various incubation times, Aβ1−42
was immediately submitted to FPOP labeling, as previously described
for other proteins.29 Briefly, a KrF excimer laser (GAM Laser Inc.,
Orlando, FL, USA) generated a laser beam with an excitation
wavelength of 248 nM and initiated H2O2 photolysis to give hydroxyl
radicals. The Aβ1−42 in PBS was mixed with 20 mM glutamine
(scavenger) and 20 mM H2O2 just prior to injection into the flow
tubing for FPOP. The flow rate was adjusted according to the width of
the laser irradiation window to ensure 20% irradiation-excluded
volume and to minimize repeated laser exposure. The total time for
one sample to pass through the silica tubing was ∼2 min. After laser
irradiation, the sample was collected in a tube containing 10 mM
catalase and 20 mM methionine to decompose leftover H2O2 and
prevent oxidation-artifacts during storage. For each aggregation time
point, Aβ1−42 was incubated independently in triplicate and subjected
to FPOP. In addition, control samples of Aβ1−42 were handled in the
same manner in triplicate, but not laser-irradiated. Each FPOP-labeled
sample was transferred into aliquots for intact Aβ1−42 characterization
and enzymatic digestion, respectively.

Proteolysis. Urea was added to each 20 μL aliquot of the FPOP-
labeled Aβ1−42 sample to give a final concentration of 6 M. Lys-N was
then added with an enzyme-to-protein ratio of 1:10 (w/w). The
concentrated urea facilitated rapid digestion and prevented hydro-
phobic peptides from self-assembly during digestion. Samples were
incubated at 45 °C for 30 min. The digestion was then quenched by
adding trifluoroacetic acid to a final concentration of 1% (by volume).

Mass Spectrometry. For intact Aβ1−42 characterization, 20 μL of
the FPOP-labeled sample was directly submitted to an Agilent 1100/
1200 separation system at a flow rate of 200 μL before being admitted
to a MaXis 4G quadrupole-time-of-flight (Q-ToF) mass spectrometer
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(Bruker Daltonics, Billerica, MA). Solvent A was water +0.1% formic
acid, and solvent B was 80% acetonitrile +0.1% formic acid. The
gradient started from 5% B and increased to 15% B in 0.3 min, ramped
to 50% B in 5.2 min, increased to 100% B in 0.5 min, held at 100% B
for 0.5 min, returned to 5% B in 0.1 min and equilibrated at 5% B for 2
min. The mass spectrometer was operated in the positive-ion
electrospray ionization mode at a mass resolving power of 30 000
(m/z 400).
For peptide and residue level analysis, 5 μL digested sample was

submitted to LC−MS/MS analysis. Samples were preconcentrated on
an Acclaim PepMap C18 column (Thermo Scientific, 100 μm × 2 cm,
5 μm, 100 Å) and desalted for 15 min before elution. Separation was
performed on a 15 cm custom-packed C18 column (Magic, 75 μm ×
15 cm, 5 μm, 200 Å) maintained at 65 °C by using a Nano UltiMate
3000 Rapid Separation system (Dionex, Co.). Solvent A and B were
the same as above. Peptides were eluted at a flow rate of 700 nL/min
with the following gradient: 2% B to 20% in 1 min, ramped to 70% B
in 10 min, increased to 90% in 1 min, held at 90% for 3 min, returned
to 2% B in 1 min, and equilibrated at 2% B for 4 min. LC separation
was directly coupled to online detection using a Q Exactive Plus hybrid
quadrupole orbitrap mass spectrometer with a Nanospray Flex ion
source (Thermo Fisher, Santa Clara, CA). The top ten abundant ions
seen in the mass spectrum were subjected to higher energy collision
dissociation (HCD) for identification and characterization of possible
FPOP modifications. The mass resolving power was 70 000 (at m/z
400) for MS1 and 17 500 (m/z 400) for MS/MS.
Data Analysis. Whole protein-level analysis with the custom

program afforded the fraction of unmodified Aβ1−42 after FPOP for all
samples. Signal intensities for the modified (Iox) and unmodified
species (I) were integrated from the raw data files, either with the
custom program for the intact Aβ1−42 or Thermo Xcalibur for the
digested peptide and residue-level analysis. The extent of modification
was calculated by using eq 1, as previously described.29

For analysis of Aβ1−42 digested peptides, product-ion spectra
obtained with the orbitrap mass spectrometer were searched for
peptide identification by using Mascot (Matrix Science, London, UK)
software. Masses of unmodified peptides and assigned modifications
validated by manual inspection were input into an inclusion list to
afford better sampling and identification of FPOP modifications.
Modification sites on the peptide were assigned on the basis of

product-ion (MS/MS) spectra (SI Figure S4). In a few cases, assigning
the location of a modification to a single residue was not possible
owing to limited fragmentation information from MS/MS or to the
presence of interference from coelution of peptide isomers. In that
case, the modification was indicated to occur on a set of possible
residues. For any specific residues, the fraction modified was calculated
by the following equation as the ratio of the signal of each peptide
modified at that residue (∑Iox on residue X) to the total intensity of
modified and unmodified peptide signal spanning this residues.43

For amino-acid residue,

=
∑
∑ + ∑

×
I

I I
% modified 100Xox on residue

ox (2)

Kinetic Modeling. The fraction of FPOP modified molecules was
modeled on the basis of Scheme 1 by using six rate constants as model
parameters (see “Fitting Parameters” in SI). The overall FPOP fraction
modified F(t) was computed as shown in eq 2 from the species
concentrations ([D], [D*], [D**]), which varied with time, and the
species fraction-modified (F0, ΔFD, ΔFD*, ΔFD**) that are also
model parameters. F0 is the fraction modified for Aβ1−42 monomer.
The monomer concentration [M] is implicated by the experimental
starting concentration of the monomer MT.

= − Δ · + Δ *· * + Δ **· **⎛
⎝⎜

⎞
⎠⎟F t F( )

FD 2[D]
M

FD 2[D ]
M

FD 2[D ]
M0

T T T

(3)

The model curve fractions modified F(t) were calculated by solving
differential equations (see “Fitting Parameters” in SI) representing
each reaction in Scheme 1 with time-dependent species concentrations

and the postulated species fractions modified (F0, ΔFD, ΔFD*,
ΔFD**). The quantities of ΔFD, ΔFD*, ΔFD** are properties (in
term of fraction modified) of the proposed Aβ1−42 species in various
oligomeric states (monomeric Aβ1−42 as the reference). Note that the
definition of the fraction modified (eq 1) should not be interpreted in
terms of intrinsic reactivities with the hydroxyl radical; that is, the
differences in the fraction modified signaled the presence of different
Aβ1−42 species with a characteristic protection level.

The process for determining the model parameters and the kinetic
curve was implemented in Mathcad v.14.0 M020 (Parametric
Technology Corp.). The “Nonlinear Quasi-Newton” mode was used
in the “Minimize” function in a search for the solution model
parameters. In each trial, the postulated normalized rate constants
were converted to their physical values by multiplication by the initial
physical rate constants to accommodate the numerically large range of
rate constants. The adaptive step-size fourth order Runge−Kutta
“Rkadapt” function was then used to solve the system of ordinary
differential equations corresponding to Scheme 1 with initial
conditions that all concentrations were zero except [M] = MT = 10
μM.

Generally, all ten model parameters were varied in a search to
minimize the root-mean of the squares of the residuals between
experiment data and model curve as shown in Figure 2 for Aβ1−42 and
the solid curves shown in Figure 3 and Figure 4. For the dashed curves
in Figure 3 and Figure 4, all rate constants were fixed to the values
obtained from the model whose curve is shown in Figure 2 for Aβ1−42,
while the four postulated species fractions modified were varied.
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